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The question of how many chains an elementary cellulose microfibril contains is critical to understanding the molecular mechanism(s)
of cellulose biosynthesis and regulation. Given the hexagonal nature of the cellulose synthase rosette, it is assumed that the number of
chains must be a multiple of six. We present molecular dynamics simulations on three different models of Ib cellulose microfibrils, 18,
24, and 36 chains, to investigate their structure and dynamics in a hydrated environment. The 36-chain model stays in a conformational
space that is very similar to the initial crystalline phase, while the 18- and 24-chain models sample a conformational space different from
the crystalline structure yet similar to conformations observed in recent high-temperature molecular dynamics simulations. Major
differences in the conformations sampled between the different models result from changes to the tilt of chains in different layers,
specifically a second stage of tilt, increased rotation about the O2-C2 dihedral, and a greater sampling of non-TG exocyclic
conformations, particularly the GG conformation in center layers and GT conformation in solvent-exposed exocyclic groups. With a
reinterpretation of nuclear magnetic resonance data, specifically for contributions made to the C6 peak, data from the simulations
suggest that the 18- and 24-chain structures are more viable models for an elementary cellulose microfibril, which also correlates with
recent scattering and diffraction experimental data. These data inform biochemical and molecular studies that must explain how a
six-particle cellulose synthase complex rosette synthesizes microfibrils likely comprised of either 18 or 24 chains.

Cellulose is the main structural polysaccharide in
higher plant cell walls and has been studied inten-
sively since it was first isolated by Anselme Payen in
1838 (Payen, 1838; Zugenmaier, 2001). As a result,
there is significant accumulated knowledge of the most
abundant biological macromolecule on earth. Cellu-
lose plays an important role in defining the physical
and mechanical properties of plant cells, such as their
growth, flexibility, structural support, and responses
to stresses (biotic and abiotic). These properties vary

depending on whether the cell/tissue is undergoing
rapid growth and expansion or is undergoing differ-
entiation following the cessation of growth. Thus, the
primary wall laid down at division must yield to stress
produced by turgor pressure, leading to cell expansion.
The shape of the cell is determined by differential
yielding of walls in specific locations. At the completion
of expansion, the mechanical properties of the wall can
change so that it no longer yields to turgor pressure, but
is rigidified so that it can withstand large compressive
forces. Despite this, the mechanism(s) involved in how
cellulose confers these properties are not well under-
stood. One reason stems from the lack of consensus on
the fine structure and dynamics of the elementary
microfibril, the minimal functional unit of cellulose.

Produced at the plasma membrane via a rosette of
cellulose synthase (CesA) catalytic subunits (in plants)
utilizing cytoplasmic UDP-Glc, cellulose is made up of
layers of planar (1,4)-b-glucan chains, stacked upon
each other to form microfibrils, whose directionality is
controlled initially by the underlying cytoskeleton of
microtubules on which the cellulose synthase tracks
and which are usually transverse to the direction of
turgor pressure-driven growth. These microfibrils can
also form larger order aggregates that differ in their
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size depending upon the species/tissue/developmental
state. X-ray and neutron diffraction experiments per-
formed on cellulose from algae, such as Valonia spp.,
and in tunicates have identified single crystalline ag-
gregates being up to 40 nm in diameter (Thomas et al.,
2013), with those from higher plants generally ranging
between 2 and 5 nm (Newman, 1999; Fernandes et al.,
2011; Newman et al., 2013) and thought to be composed
of single microfibrils.

A number of different polymorphs have been iden-
tified for crystalline phases of cellulose. The native state
is defined as cellulose I, with two allomorphs, b and a,
that differ slightly in their unit cells. The b form dom-
inates in plants and the a form in bacteria and algae,
although both the b and a forms can be found from the
same source and possibly in the same microfibril (Atalla
and Vanderhart, 1984; VanderHart and Atalla, 1984;
Horii et al., 1987; Sugiyama et al., 1991a, 1991b).

The crystal and molecular structure of cellulose has
been determined at atomic resolution for both the Ib
(Nishiyama et al., 2002) and Ia allomorphs (Nishiyama
et al., 2003) using x-ray and neutron diffraction. Ib
cellulose crystals were found to have the monoclinic
P21 space group, with two nonidentical chains arranged
in a parallel manner. Ia cellulose crystals were found to
have the triclinic P1 space group, with parallel chains of
identical conformation. For both allomorphs, hydrogen
bonding was reported within chains and between
chains of the same layer, but not between layers. Ad-
ditionally, the Ib form is proposed to have two differing
H-bond patterns, A and B, which are dependent on the
position of hydrogens HO2 and HO6 (Fig. 1). The
conformation of the exocyclic group at carbon C6 was
also reported to reside in the TG conformation (Fig. 2).

Numerous 13C-NMR studies have been performed
to investigate the structure of cellulose microfibrils and

aggregates (Earl and VanderHart, 1981; Horii et al.,
1983, 1987; Isogai and Usuda, 1989; Newman and
Hemmingson, 1994; Larsson et al., 1997; Ha et al., 1998;
Wickholm et al., 1998; Viëtor et al., 2002; Larsson and
Westlund, 2005; Park et al., 2009; Malm et al., 2010).
Peaks attributed to the C4 and C6 carbons suggest that
surface (amorphous) and interior (crystalline) chains
have differing chemical shifts due to differences in ei-
ther their environment, structure, or a combination of
both (Viëtor et al., 2002). Data from the C6 peaks have
also suggested that the exocyclic group for interior
chains reside in the TG conformation, with this pref-
erence changing at the surface of the microfibril, where
the GT and GG conformations are preferred (Viëtor
et al., 2002). These conclusions were reached as a result
of the earlier work of Horii et al. (1983) in which NMR
studies on a range of oligosaccharides whose crystal
structures had previously been solved identified three
separate C6 peaks at 60 to 62, 62.5 to 64.5, and 65.6 to
66.6 ppm that corresponded to the GG, GT, and TG
exocyclic conformations, respectively. Spectral fitting
of NMR spectra has also been performed to deconvolute
peaks and extract ultrastructural information about mi-
crofibril aggregates, such as crystalline, paracrystalline,
surface, and allomorph proportions (Larsson et al., 1997;
Wickholm et al., 1998; Larsson and Westlund, 2005).

Based upon these physical and ultrastructural mea-
surements, a number of different models have been
proposed for an elementary cellulose microfibril. A
36-chain, hexagonal-shaped model was suggested by
Ding and Himmel (2006) and thought to be an optimal
model from transmission electron microscopy and
atomic force microscopy studies (Ding et al., 2014),
because the cellulose synthase rosette complex from
which cellulose is produced in plants is thought to be
composed of 36 cellulose synthase catalytic proteins
(Herth, 1983). Other 36-chain complexes have been
suggested that have a square shape, in which the hy-
drophobic (100) and hydrophilic (010) faces are ex-
posed to solvent (Mazeau, 2005; Matthews et al., 2006;
Bergenstråhle et al., 2007), and a diamond-like shape
where two hydrophilic (110 and 1-10) faces are ex-
posed (Matthews et al., 2006; Zhang et al., 2011; Chen
et al., 2014). However, there is now evidence from

Figure 1. Cellobiose dimers in the A (left) and B (right) hydrogen
bonding patterns. Oxygen (red) atoms are labeled in the left dimer,
while key dihedral angles are labeled in the right dimer. Hydrogens
(gray) are displayed if involved in hydrogen bonds. Otherwise, they are
omitted.

Figure 2. Rotation about the O5-C5-C6-O6 dihedral allows for three
different conformations of the C6 exocyclic group of each Glc mono-
mer. The C6-O6 bond is colored yellow for the TG conformation (di-
hedral angle of 180˚), green for GT (60˚), and blue for GG (–60˚).
Hydrogens are not shown.
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wide-angle x-ray scattering (WAXS) and small-angle
neutron scattering studies to suggest that 36 chains in a
microfibril may be an overestimation (Fernandes et al.,
2011; Thomas et al., 2013). Computer-simulated dif-
fractograms for 18- and 24-chain models, with and
without constant or regular shape, show a much better
fit to the experimental data than the 36-chain model.
Newman et al. (2013) also suggest that there are only six
layers in the 100 plane of microfibrils, which differs from
eight layers in the Ding and Himmel (2006) 36-chain
model.
Thus, the structure of an elementary cellulose mi-

crofibril is yet to be determined unequivocally. This is
related to the significant experimental challenge of
characterizing small-diameter cellulose (Matthews
et al., 2012). X-ray and neutron diffraction studies have
given us models of crystalline cellulose, but these are
generally acquired at nonnative temperatures and en-
vironments. NMR gives information on microfibril
aggregates in a more natural environment through
solid-state techniques. These techniques allow spectra
to be produced with water contents similar to those
found in the primary cell wall of plants (Brett and
Hillman, 1985) and provide a bridge between struc-
tures determined by diffraction techniques and those
which exist in solution (Zugenmaier, 2001). However,
to understand the natural structure and dynamics of
microfibrils, how they interact with other microfibrils
and components of the cell wall, and their chemical
reactivity, we must be able to investigate single mi-
crofibrils at the atomic level in an environment as close
to solution as possible, considering that in primary

walls the aqueous phase can comprise 60% to 70% by
weight (Doblin et al., 2010).

One alternative is to use computational approaches,
with numerous studies published in which molecular
dynamics (MD) simulations have been performed on
cellulose microfibrils, generally with a 36-chain model
(Mazeau, 2005; Matthews et al., 2006, 2011a, 2011b,
2012; Bergenstråhle et al., 2007; Gross and Chu, 2010;
Zhang et al., 2011; Chen et al., 2014). These simulations
have investigated the structure and dynamics of the
microfibrils, temperature dependence, H-bonding pat-
terns, and effect of solvent water, and compared dif-
ferent carbohydrate force fields. Simulations have also
been performed in different environments, whether that
be purely crystalline or fully solvated. Additionally,
different-shaped microfibrils have been simulated, as
have microfibrils of finite or infinite length. We are
only aware of one study where MD simulations have
been performed on 18- or 24-chain models of cellulose
(Busse-Wicher et al., 2014).

In this study, we investigate the effect that different
numbers of chains have on the structure and dynamics
of a cellulose microfibril with the aim of obtaining a
better understanding of how many chains make up an
elementary cellulose microfibril. Considering the Ib
allomorph, we perform MD simulations on infinite-
length microfibrils for long time scales using the
Charmm carbohydrate force field. All microfibrils are
built with the hexagonal shape suggested by Ding and
Himmel (2006) such that the 1-10, 110, and 100/200
faces are exposed (Fig. 3A). This shape was chosen,
as NMR data suggests that two hydrophilic faces (1-10

Figure 3. Initial conformations
for the 36-chain (A), 24-chain
(B), and 18-chain (C) microfi-
brils, viewed from the nonre-
ducing end. In A, the different
hydrophobic (100/200) and hy-
drophilic (110/1-10) surfaces
are labeled, as are the spacings
between the different layers and
the unit cell vectors. Note that
the c vector runs into the page,
along the polymerization axis.
Atoms are colored red for oxy-
gen, cyan for carbon, and gray
for hydrogen. C6 and C4 car-
bons are highlighted in green
and purple, respectively, for one
surface chain. The inset to A
shows the environment directly
surrounding this chain, with an
interior chain to the left and water
solvent to the right. Viewed from
above the microfibril, this high-
lights that the two C4 carbons of
a cellobiose repeat are in the
same environment, while the two
C6 carbons are not.
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and 110) are exposed (Wickholm et al., 1998), while
hydrophobic faces (100/200) have been included to
correlate with the hexagonal shape of cellulose syn-
thase rosettes. This also satisfies the requirement of the
microfibril having a hydrophobic face with multiple
chains for cellulose binding domains to interact with
(Tormo et al., 1996; Lehtiö et al., 2003). From this work,
we can define the dynamic characteristics of a micro-
fibril containing 18, 24, or 36 chains in a natural envi-
ronment with regards to exocyclic group conformation,
O2 dihedral, H-bond patterns, tilt of chain with respect
to the polymerization axis, and unit cell dimensions. We
also obtain an understanding of how the different
number of chains and, as a result, different surfaces
affect the structuring of water around the microfibril.
These insights will be useful for further investigating
the role that cellulose plays in the structure and dy-
namics of the plant cell wall, particularly how it inter-
acts with other microfibrils and the matrix phase
polysaccharides during growth and development. This
knowledge may also lead to insights into the underly-
ing causes of the recalcitrance of plant walls to bio-
technological utilization and also the mechanism(s) of
cellulose synthesis.

RESULTS

MD simulations were performed to investigate the
effect that differing numbers of chains had on the
dynamics and structure of cellulose microfibrils in a
hydrated environment. Simulations were performed
on models of Ib cellulose containing 18, 24, and 36
chains. The initial structures for each microfibril looking
along the polymerization axis from the nonreducing
end are shown in Figure 3, and the final simulation
structures are shown in Figure 4. The work of Matthews
et al. (2012) has shown that significant changes to the
microfibril can occur over long time scales, and thus
long MD simulations up to 640 ns were performed.
Limited changes to microfibril structure and dynamics

were observed after 200 ns of simulation (Supplemental
Fig. S1), so analysis was limited to this time scale given
the computational requirements of such simulations.

The largest system considered in this work con-
tained 36 chains in a 3, 4, 5, 6/6, 5, 4, 3 configuration
(Fig. 4, A and B). This microfibril had 50% of its chains
in the interior and 50% at the surface. Despite this, only
33% of exocyclic groups could be considered solvent
exposed. This value was significantly less than 50%
because, except for solvent-exposed chains on hydro-
phobic surfaces, every second exocyclic group in
solvent-exposed chains points toward the center of the
microfibril instead of out into the solvent. With an
initial cross-sectional area of just under 1,200 Å2, the
initial water content of the system was 77%. After
equilibration, the water content came down to 73%
due to a decrease in the total volume of the system and
expansion of the microfibril (Table I). The next system
considered consisted of 24 chains in a 3, 4, 5/5, 4, 3
arrangement (Fig. 4C). With 58% of its chains at the
surface and 42% of exocyclic groups considered sol-
vent exposed, the equilibrated water content was 71%.
The smallest system simulated consisted of 18 chains
in a 2, 3, 4/4, 3, 2 configuration, with an initial cross-
sectional area of 590 Å2 (Fig. 4D). This system had 44%
of its exocyclic groups solvent exposed (Table I), and
its equilibrated water content was 74%.

A characteristic feature of the simulations was the
tilting of the glucan chains in the hexagonal structures.
Chain tilt occurred from the beginning of our simu-
lations, consistent with observations in other MD
simulations of cellulose using different force fields,
crystalline models, and finite models (Bergenstråhle
et al., 2007; Matthews et al., 2011a, 2012; Zhang et al.,
2011; Chen et al., 2014). When microfibrils were
viewed from the nonreducing end, origin layers had a
clockwise tilt (positive) compared with the crystal
structure, while the center layers had an anticlockwise
tilt (negative; Fig. 4, blue and red colored, respec-
tively). The 36-chain model experienced tilts of –4° and
7.5° for the center and origin layers, respectively, while

Figure 4. Final conformations for the 36-
chain (A), 36-chain (B), 24-chain (C), and
18-chain (D) microfibrils, viewed from the
nonreducing end. Layers are colored red
for center and blue for origin.
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the 18- and 24-chain models experience larger changes
in tilt of approximately 6 10° (Table II).
In addition to the tilting of the chains within the

microfibrils, significant changes also occurred to the
conformation of exocyclic groups. This is highlighted
in Figure 5, which separately tracks the changes to the
exocyclic conformation occupancy for groups pointing to
the left and right, when looking down the polymerization
axis from the nonreducing end, over the length of the
simulations for each chain. Additionally, Supplemental
Figure S2 shows the exocyclic conformation for all Glc
residues of the microfibril at different time points
throughout the simulations. It was apparent that the first
changes occur to exocyclic groups that were exposed to
solvent, with the changes occurring during equilibration.
For all microfibrils, there was a preference for the GT
conformation to dominate for solvent-exposed groups,
although there was a high degree of variation (Table III).
For the 36-chain model, the GT:TG:GG ratio for solvent
exposed groups was 50:35:15. This was similar for the
24- and 18-chain models, except that the GG proportion
increases and TG decreases. Interestingly, it was found that
there were different exocyclic conformation ratios for the
two different hydrophilic surfaces, with the 110 surface
having a higher occupancy for GT and lower occupancy
for GG (Supplemental Table S1). The TG conformations
were of similar occupancy for the two surfaces.
Analysis of the exocyclic groups that were not sol-

vent exposed indicates that the differing layers can
sample different conformations. In origin chains, the
TG conformation dominates, with occupancies greater
than 80%. However, it was in the center chains where
the relationship between an increase in GG sampling
(and a corresponding decrease in TG) with decreasing
numbers of chains was most evident. Simulations with
the 36-chain model had a TG occupancy of 83% for
center chains, while in the 18- and 24-chain simula-
tions, significant changes were observed and the GG
conformation now dominated with occupancies
greater than 90% (Table III). The variability in interior
chains was significantly reduced compared with the
surface-exposed groups; however, it does appear to be
smaller for chains closer to the center of the microfibril
and when there were more chains in the microfibril.
Apart from the dihedral angles that dictate the con-

formation of exocyclic groups, there were four other key

dihedral angles. The w and c angles determine the
planarity of the b-glucan chains, while the O2-C2 (t2)
and O3-C3 (t3) dihedrals affect possible interactions be-
tween the chains in the same layer of microfibrils (Fig. 1).
In the crystal structure, the w and c angles differed for
origin and center chains, with w and c being –88.7° and
–147.1° for center chains and –98.5° and –142.3° for
origin chains, respectively (Supplemental Tables S2
and S3). From the simulations, w and c converge for
the different layers to an average of –93° and –150°,
respectively. This was consistent irrespective of
whether a chain was in the origin or center layer or
was solvent exposed or located in the interior. Given
that we simulated an infinite microfibril, it was ex-
pected that the w and c angles would not change
markedly to keep the planar arrangement of chains.
However, it was unexpected that they would equili-
brate to the same value considering the differences that
had been observed in the crystal structures.

From neutron diffraction studies (Nishiyama et al.,
2002), it was suggested that hydrogens bonded to O2
and O3 were oriented in opposite directions (trans
compared with the C2-C3 bond), and thus the initial
dihedral angles about these O-C bonds were close to
180°. This was in contrast to a more cis-like confor-
mation where the angle would be approximately 60°
(Fig. 1). Similarly to the w and c dihedrals, there was
little variation about the t3 dihedral when compared
with the crystal structure, with an average angle of
approximately 161° for all simulations (Supplemental
Table S4). This lack of variation resulted from the
stabilizing O3-to-O5 intrachain H bond (see below).

Table I. Microfibril properties

Simulation Interior Surface
Solventa

Exposed

Initial Equilibrated

Crossb

Section

Water

Content

Crossb

Section

Water

Content

% A2 v/v% A2 v/v%

18 33 67 44 588.2 80.2 680.2 74.0
24 42 58 42 769.8 76.6 858.1 71.1
36 (A) 50 50 33 1,188.6 76.7 1,261.3 73.3
36 (B) 1,279.4 72.9

aSolvent-exposed exocyclic groups, assuming that all exocyclic groups on hydrophobic surfaces are solvent ex-
posed. bCross-sectional area in the xy plane.

Table II. Degree of change of tilt for center and origin chains averaged
over the last 50 ns of duplicate simulations

Positive number indicates clockwise tilt, and negative indicates
anticlockwise tilt.

Simulation Center Origin

˚
18 –9.29 10.01
24 –10.43 9.06
36 (A) –4.26 7.67
36 (B) –7.92 10.73
18 (O2-C2) –2.27 6.26
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There were far greater changes observed for the t2
dihedral angle (Table IV). For the 36-chain simulations,
the interior chains maintained their trans-like confor-
mation (approximately 158°), while there was a drop
in the angle for surface exposed chains (approximately
100°), suggesting that cis conformations were being
sampled more regularly. For the 18- and 24-chain
simulations, there were further reductions in the di-
hedral angle, most significantly for center chains. The
dihedrals here were less than 60°, which suggests that
only cis conformations were being sampled. Reduc-
tions in the dihedral angle of origin chains, though to a
lesser extent for the 24-chain model, suggest more
cis-like conformations were being sampled.

To understand how the changes in the t2 dihedral
allow for the sampling of different exocyclic confor-
mations, we also analyzed changes to the H-bonding
patterns. For all these systems, the simulations were
started with the microfibrils in the A H-bonding pat-
tern. In this pattern, intrachain H bonds are formed
where O2 donates its hydrogen to O6 and O3 to O5

(Fig. 1). Intralayer H bonds exist from O6 to O3, with
those from O6 to O2 only found for center layers, while
there were no interlayer H bonds.

The 36-chain microfibril showed limited changes to
its H bonding throughout the simulations and can
thus be thought to only sample the A H-bonding pat-
tern (Table V). The O3-to-O5 intrachain H bonds con-
tinue to have strong occupancy, as does the O2-to-O6
intrachain H bonds. The O6-to-O3 intralayer H bond was
observed to have high occupancy, coexisting with the
O6-to-O2 intralayer H bond that formed in origin chains
to a similar moderate level as those in center chains. The
O6-to-O2 intrachain and O2-to-O6 intralayer H bonds
are representative of the B H-bond pattern and were
sampled to a low extent, generally due to chains at
the surface of the microfibril (Supplemental Fig. S3).
There were only sporadic interlayer H bonds, mainly
from surface chains to interior chains (Supplemental
Table S5).

The 18- and 24-chain models sample very similar
H-bonding patterns to each other that can be classified

Figure 5. Plots of the exocyclic group conformation occupancies (TG in yellow, GG in blue, and GT in green) of each chain in
the 36-chain (A), 36-chain (B), 24-chain (C), and 18-chain (D) models over the length of 200 ns simulations. Chains from center
layers have plots with a red border, and origin layers have blue borders. Due to the different environments for the two exocyclic
groups of each cellobiose unit, each chain has two plots; the left plot details those exocyclic groups that point to the left when
looking down the microfibril polymerization axis from the nonreducing end, and the right plot details those that point to the
right. Plots on the outside for each model represent exocyclic groups exposed to solvent, and these plots have high variance (as
noted by the spiky nature of the plots) and sample all three conformations (all three colors are distinctly visible). For all other
exocyclic groups, including those from surface chains but not exposed to the solvent, little variation is observed and generally
one conformation (one color) dominates.

Table III. Exocyclic conformation occupancies, expressed as a percentage, averaged over the last 50 ns of
duplicate simulations

Chain
18 24 36 (A) 36 (B) 18 (O2-C2)

GG GT TG GG GT TG GG GT TG GG GT TG GG GT TG

Surface 23 54 23 24 52 24 17 49 34 21 52 27 8 19 72
Interior 46 12 42 47 7 47 7 2 91 39 28 33 0 2 98
Center 92 7 2 93 6 1 14 3 83 77 18 4 1 3 96
Origin 0 17 83 0 8 92 0 1 99 0 38 62 0 0 100
Total 36 30 34 37 26 37 10 18 72 33 36 31 4 9 87
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as being in both the A and B H-bonding patterns
(Table V). As was expected, the O3-to-O5 intrachain
H bond has very high occupancy. With regard to
H bonds that were representative of the A pattern,
the O2-to-O6 H bond had similar occupancy to the 36-chain
model for origin chains but had almost no occupancy
in center chains. This relationship was also observed for
other A intralayer H bonds where the O6-to-O3-and-O2
occupancies for the origin chains were similar to those
of the 36-chain microfibril, while those in center chains
were nonexistent. Instead, in the center chains, occu-
pancy was greater for those H bonds that represent the
B pattern, such as the intrachain O2-to-O6 and intra-
layer O2-to-O6 H bonds. Interestingly, there was some
occupancy in the origin chains for these B-pattern H bonds.
In what was a significant difference to the 36-chain
simulations, there were significant interlayer H bonds
for the 18- and 24-chain models, specifically for the
O6-to-O2 1-10 layer, with O6 in a center chain and O2
in an origin chain (Supplemental Table S5). This type
of H bond was only found to occur when the exocyclic
group was in the GG conformation.
Initial expansion of the microfibrils can be evidenced

by limited increases to the unit cell parameters (Table
VI). The majority of changes were below 2%, with the
exception being the a-unit cell length (Fig. 3), which
could differ by almost 5%. This discrepancy results
from a change in the distance between 200/100 layers.
In the crystal form, this distance was 7.78 Å, while
from the simulations, the distance increases to 7.94 Å

for the 36-chain model and 8.15 Å for the 18- and
24-chain models. This increase correlates with WAXS
data (Newman et al., 2013), where the lattice spacing
between (200) planes increased to 0.41 nm (8.2 Å be-
tween layers). The largest change in unit cell angle pa-
rameters occurs for the g angle and represents a slight
slippage between 200 layers; the top layer moves to the
left and the bottom layer to the right when viewed from
the nonreducing end.

More information about the changes that occur to
the structure of the microfibril was extracted from the
simulations by calculating changes in the distance
between hydrophobic (100/200) and hydrophilic
(1-10/110) layers (Table VII). The average 100/200
distance increased by 0.1 Å (2.6%) for the 36-chain
model and by 0.2 Å (4.7%) for the 18- and 24-chain
models, whereas distances between 110 layers in-
creased by under 0.1 Å, with the greatest change (.0.2
Å) occurring for the 1-10 layers. The extra increase for
the 1-10-layer distances was not unexpected given the
increase in the g unit cell angle. These average layer
spacings correlate as well, if not better, than the crystal
structure with WAXS (Newman et al., 2013) and x-ray
diffraction (Nishiyama, 2009) data, where spacings
were calculated to be 4.1, 5.6, and 5.6/6.0 Å for the
100/200,110, and 1-10 planes, respectively. Overall, the
changes in these distances, as well as the changes to
the unit cell parameters, present themselves as an
anticlockwise rotation of the microfibril about the
polymerization axis (looking from the nonreducing
end) compared with the crystal structure. Additionally,
we have measured the change in the distance along the
polymerization axis of an origin chain compared with a
center chain. This gives a measure of slippage of chains
along the polymerization axis, and from these simula-
tions, an average change of 0.17 Å for the 36-chain
simulation was observed, while this increased to 0.26 Å
for the 18- and 24-chain simulations. Given that there
was little change in the a- and b-unit cell angles, the
slippage described here results solely from slippage
between origin and center chains and not from slippage
across the entire microfibril.

Table IV. O2 dihedral angles from diffraction data and averaged over
the last 50 ns of duplicate simulations

Simulation Center Origin Surface Crystal Total

˚
Ib (Crystal) 166.1 165.3 165.7
18 58.9 111.8 85.3 90.9 85.4
24 56.3 124.7 81.6 100.6 90.5
36 (A) 117.3 140.5 100.2 157.6 128.9
36 (B) 52.8 83.9 76.4 60.2 68.3
18 (O2-C2) 172.3 173.2 172.5 173.2 172.7

Table V. Occupancy of hydrogen bonds averaged over the last 50 ns of duplicate simulations

Simulation Chain
Intralayer Intrachain

O6→O3a O6→O2a O2→O6b O3→O5 O2→O6a O6→O2b

%

18 Center 3 2 89 86 1 2
Origin 58 24 39 89 35 25

24 Center 4 2 87 89 1 19
Origin 68 3 29 90 49 18

36 (A) Center 58 28 2 87 6 1
Origin 87 41 1 91 7 13

36 (B) Center 1 0 91 88 1 23
Origin 25 6 8 91 12 4

18 (O2-C2) Center 71 37 0 8 84 0
Origin 98 44 0 88 9 0

aA-type H bond. b B-type H bond.
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The final characteristic measured was the degree of
water structuring surrounding the microfibrils. Den-
sities were measured above all faces as a function of
distance away from the layer. The water structuring
was very similar for each model, and for the most part,
there appeared to be two peaks in each layer’s density
plots. However, it was evident that water was struc-
tured differently above the different layers (Fig. 6A;
Supplemental Figs. S4A–S6A). Water was least struc-
tured above the 1-10 surface, as evidenced by the
much smaller initial peak in the density curves. In-
creased structuring was observed over the 110 surface,
with the most significant structuring occurring over
the hydrophobic (100/200) surfaces. With the densities
measured starting from the heavy atoms that were
most exposed to the surface (Fig. 6B), it was apparent
that there was water density preceding these heavy
atoms for the hydrophilic surfaces. This was due to the
apparent tilting of the chains at these surfaces, which
allowed water molecules to position themselves in the
gaps between the center and origin layers (Supplemental
Fig. S7). By analyzing the densities starting at the middle
of the surface layers, we can deduce that the initial pri-
mary peaks in density start between 3.5 and 4.5 Å away
from the middle of the layers. Additionally, minima in
density between the primary and secondary peaks occur
between 5 to 6 Å.

Another approach to analyze the water structuring
is to measure the density as a function of distance
along the polymerization axis (Fig. 6C; Supplemental
Figs. S4C–S6C). From these plots, it was notable that,
for the hydrophobic surfaces, there were two peaks per
cellobiose repeat, while there were four for the hydro-
philic surfaces. These peaks coincide with glycosidic
linkages exposed on the surface. The reason that four
peaks were found for the hydrophilic surfaces was that
these surfaces were composed of both center and origin
layers, and because the center layers were displaced by
approximately 2.6 Å compared with the origin layers,
we see peaks with this separation.

From the analysis of these simulations it was clear
that the 18- and 24-chain microfibrils were sampling a
different conformational space to the 36-chain micro-
fibril. This conformational space appeared to be similar
to high-temperature structures (I-HT) simulated by

Matthews et al. (2011a). Subsequently, a question that
needed to be answered was what is causing these
changes in the conformation of the microfibrils. While
it appeared that the number of chains in the microfibril
was having an effect on the simulations, it was thought
it would be informative to pinpoint the changes that
occurred in the 18- and 24-chain systems yet did not
occur in the 36-chain model. To investigate this, two
further sets of simulations were performed; one with a
different initial H-bonding scheme and the other with
the t2 dihedral restrained to its initial value.

36-Chain B

As noted above, a major difference between surface-
exposed and interior chains for the 36-chain simula-
tions and throughout the microfibril for simulations
with smaller numbers of chains was the t2 dihedral
angle. There was a dramatic change such that the O2
hydroxyl no longer sat in the crystal-like conformation
pointing away from O3 of the same residue but now
pointed toward it. This conformation was similar to
one sampled by Matthews et al. (2011a), who found
that at high temperature, and when simulating for long
time scales, this t2 dihedral would change. Moreover,
this also aligns with some uncertainty in the diffraction
data of Nishiyama et al. (2002) for which two potential
H-bond schemes were suggested.

We therefore performed simulations on the 36-chain
model with the B H-bond scheme (Fig. 1), based on the
proposed structures from the x-ray diffraction work
(Nishiyama et al., 2002). In these simulations, we
changed the t2 dihedral such that the simulations star-
ted with the O2 hydroxyl group pointed toward the O3
atom of the same Glc residue (i.e. the cis instead of the
trans orientation). We also rotated the position of the
HO6 (hydrogen of exocyclic hydroxyl group) so that
there were no steric clashes, while the exocyclic group
was kept in the TG conformation. These changes resulted
in the O2-to-O6 H bond being the only interchain
H bonds existing at the beginning of the simulation.

Many of the dynamic characteristics of this model
were similar to those of the 18- and 24-chain models.
The tilt of chains was very similar (Table II), as were
the unit cell parameters (Table VI) and the distances
between layers (Table VII). The t2 dihedral from center
and solvent-exposed chains was similar to those seen

Table VI. Unit cell distance and angles from diffraction studies and
averaged over the last 50 ns of duplicate simulations

Chains a b c a b g

Å o

Ib (Crystal) 7.78 8.20 10.38 90.00 90.00 96.50
Ib (203˚C)a 8.19 8.18 10.37 90.00 90.00 96.40
18 8.15 8.25 10.44 91.52 89.21 98.47
24 8.14 8.25 10.44 90.70 90.20 97.83
36 (A) 7.94 8.35 10.44 90.41 90.35 98.41
36 (B) 8.06 8.40 10.43 93.77 90.00 97.79
18 (O2-C2) 7.95 8.33 10.45 90.24 90.43 98.46

aWada et al. (2010).

Table VII. Distance between layers and chain shift along the polym-
erization axis from diffraction data and averaged over the last 50 ns of
duplicate simulations

Chains 100 110 1-10 Z

Å

Ib (Crystal) 3.84 5.31 5.97 2.71
18 4.01 5.39 6.23 2.96
24 4.04 5.40 6.18 2.98
36 (A) 3.94 5.36 6.22 2.88
36 (B) 4.00 5.42 6.21 2.93
18 (O2-C2) 3.83 5.34 6.18 2.89
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for previous simulations; however, the origin and in-
terior chains had greatly reduced dihedrals and were
therefore much more cis like (Table IV). These chains
did not revert to the trans-like conformation of the A
H-bonding pattern model as could be expected given
the stability shown in the 36 A H-bond simulations.
As expected, by starting these simulations in a dif-

ferent H-bond pattern, an entirely different sampling
of H bonds and exocyclic group conformations was
observed when compared with the 36 A simulations
(Table III; Fig. 5). However, the conformations sam-
pled did resemble those sampled with the 18- and
24-chain models, though with some small differences.
There was still some A character to origin chains for
the O2-to-O6 intrachain and O6-to-O3 intralayer
H bonds, but this was significantly reduced. It was

also noted that the occupancies for H bonds that are
typical of the B pattern were far higher. Importantly,
interlayer H bonds were observed between O6 and O2
for 1-10 layers at a similar occupancy to the 18- and
24-chain models. With regards to exocyclic group
conformation, center chains had a greater likelihood to
sample GG, while solvent-exposed chains more often
sampled GT. Interestingly, origin chains were able to
sample the GT conformation to a greater extent, al-
though TG was still the preferred exocyclic confor-
mation for these chains.

18-Chain t2 Restrained

From the simulations performed thus far, three
major events took place to move the microfibril from
the crystal phase to the so-called I-HT phase in the 18,
24, and 36 B simulations. These were the opposing tilts
of center and origin layers, reduced sampling of the
TG exocyclic conformation, and the rotation of the t2
dihedral away from the trans conformation. The effect
of this final event can be investigated by restraining
the dihedral angle to the trans conformation as ob-
served in the crystal structure, and this was performed
for the 18-chain model.

Unsurprisingly, there were limited changes that
took place to the structural characteristics of the mi-
crofibril compared with the initial structure. There
were limited changes to dihedral angles, which was to
be expected given that the only dihedral angle to show
significant variation in the other simulations was the
t2 dihedral, and this was now restrained. Exocyclic
groups not exposed to solvent were found to reside in
the TG conformation for 98% of the simulation. There
was also limited change in the exocyclic conformations
of surface-exposed groups, with 72% still in the TG
conformation. This suggested a link between t2 dihedral
rotation and variation in exocyclic conformation.

Characteristics that showed slight changes, but only
such that they sample values as observed in the 36 A
simulations, were the unit cell parameters, chain shifts,
and H-bond occupancies. One specific characteristic
that showed significant changes compared with the
initial structure, but still similar to values observed in
the 36 A simulations, was the tilt of center and origin
layers (Table II). As this tilt occurs, we can suggest that
the tilt is not dependent on t2 rotation. However, as the
tilt was reduced compared with the other simulations,
it can be used as further evidence to suggest that tilt is
a two-stage process, with the first stage innate to all
structures and the second stage being dependent on
rotation of the t2 dihedral.

DISCUSSION

We have performed MD simulations on three differ-
ent models of Ib cellulose microfibrils to investigate the
structural and dynamical dependence on the number of
chains in themicrofibril. Models with 18, 24, and 36 chains

Figure 6. Relative water densities about the 100 (purple), 110 (or-
ange), and 1-10 (brown) layers for the 36 A simulations as a function of
distance above the top heavy atom of the layer of interest in A, above
the middle of the layer in B, and along the polymerization axis in C.
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were produced, and the smaller 18- and 24-chain
models were shown to sample a conformational space
different to that of the initial crystalline phase and any
phase identified experimentally, but similar to that ob-
served in high-temperature MD simulations. Here, we
discuss why particular exocyclic group conformations
are sampled, why this depends on a second stage of tilt
and dihedral t2 rotation, and why it only occurs for
smaller microfibrils. We also compare the results of our
simulations with other computational studies and the
available experimental data.

Differences in Microfibril Structure

It was clearly evident that the simulations per-
formed with 18- and 24-chain microfibrils, and those
with 36 chains in the B H-bonding pattern, quickly
moved from the crystalline conformation to one more
reminiscent of the I-HT structures produced in the
simulations of Matthews et al. (2011a). This was,
however, different from the 36-chain simulations with
the A H-bonding pattern in which the microfibrils
stayed close to the crystalline phase. One of the major
differences between the simulations was the sampling
of the exocyclic group conformations. The 36-chain A
simulations predominantly stayed in the TG confor-
mation for interior chains, while the other simulations
sampled the GG conformation if the chain belonged to a
center layer and the traditional TG if in the origin layer.
Exocyclic groups that were exposed to solvent behave
in a similar manner no matter the number of chains in
the microfibril. The predominant conformation for these
groups was GT, with the next favored conformation
dependent on the chains layer and following the same
pattern as observed for interior chains.

The ability of the 18- and 24-chain simulations to
sample different exocyclic conformations compared
with the 36-chain A model was dependent on extra tilt
and the rotation of the t2 dihedral. In all simulations,
an initial stage of tilt was observed, with chains in the
origin layer tilting in a clockwise manner and those in
center layers exhibiting an anticlockwise tilt when
looking down the microfibril from the nonreducing
end. Tilt was able to occur in two different directions
as a result of the shift of cellobiose repeat units along
the polymerization axis between origin and center
chains that positions the chains in different environ-
ments. This becomes apparent by analyzing the envi-
ronment surrounding a cellobiose repeat from the
different chains (Fig. 7). Firstly, it was noted that the
chains above and below a center chain are oriented
differently. For the first (Fig. 7A, bottom) residue of a
center chain, the glycosidic linkage in the origin chains
above and below the exocyclic group point down. This
means that the hydrogens attached to the C1 and C4
carbons of the glycosidic linkage point upwards. This
produces a shallow cavity above the exocyclic group
and extra volume below it. For the second (Fig. 7A,
top) residue of the cellobiose repeat, the shallow cavity
is below the exocyclic group and extra volume above

it. The extra volume of the hydrogens places steric
strain on the alternating exocyclic groups, which is
alleviated by a slight anticlockwise tilt to the chain. For
the origin chain cellobiose repeat, the opposite orientation
of glycosidic linkages occurs in the center chains above
and below, and as a result, we see a clockwise tilt to
alleviate the strain due to the hydrogens.

This explains why, in all simulations, an initial tilt of
approximately 5° in either direction was observed and
sets up each system for a second stage of tilt. For this
second stage to occur, the intrachain H bond from O2
to O6 must break. In the 36-chain A and 18-chain O2-
C2 restrained simulations, this H bond did not break,
and as a result, the second stage of tilt was not ob-
served. As this H bond was the major interaction that
kept the exocyclic group in the TG conformation, these
two simulations seldom sample conformations other
than TG in interior chains. Additionally, the a-unit cell
distance was smaller for these simulations, suggesting

Figure 7. Initial structures of center chain (in licorice) above an origin
layer (surface) in A and origin chain (licorice) above a center layer in B,
colored by atom type (hydrogen, gray; oxygen, red; and carbon, cyan).
This figure highlights the slight cavity below the exocyclic group in the
top Glc of the center chain in A and the bottom Glc of the origin chain
in B, while also highlighting the raised volume below the exocyclic
group in the bottom Glc of the center chain in A and the top Glc of the
origin chain in B. It is this steric environment that is responsible for the
clockwise tilt in the origin chains and the anticlockwise tilt in
the center chains that occurs early.
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that the layers must increase their distance between
each other to allow for the second stage of tilt.
The link between t2 dihedral and exocyclic confor-

mation was quite apparent. From the t2 restrained
simulations, there was no rotation of the t2 dihedral,
and as a result, almost no change to the exocyclic
conformation. However, in all other simulations, co-
inciding with the rotation of t2 dihedral into a cis-like
conformation, the O2-to-O6 intrachain H bond broke.
As a result, the exocyclic group was free to rotate, and a
second stage of tilt was observed. Despite this, it was
predominantly only in the center chains where changes
in the exocyclic group conformation were observed for
interior chains. We suggest this was due to the steric
restraints/freedoms placed on the exocyclic groups
by the initial tilt of chains, causing steric clashes with
exocyclic rotations of certain directions. For center
chains, the TG-GG rotation was made easier by the
anticlockwise tilt. With the t2 dihedral in a cis-like
conformation and, as a result, the O2-to-O6 intra-
chain H bond being broken, the exocyclic groups of
center chains could easily rotate from TG to GG. This
rotation was further stabilized by the second stage of
tilt and the forming of interlayer H bonds, specifically
the O6-to-O2 1-10 layer H bonds. Stabilization was so
strong that conversion back to TG was not observed.
With the clockwise tilt of origin chains, the TG-to-GG
rotation was hindered, while the TG-to-GT rotation
was more favored. However, unlike the TG and GG
conformation, there are no other interactions to sta-
bilize the GT conformation in the interior chains and
that is why the TG conformation still dominates. It
should be noted that solvent-exposed exocyclic
groups were not hindered in any way and could
sample all conformations, with GT being of lowest
energy.
Rotation of the t2 dihedral was observed to a high

degree for the 18- and 24-chain simulations but was
limited for 36 A chain simulations. The only difference
between the simulations was the size of the microfi-
brils and, as a result, the greater the influence that the
surrounding solvent had on the dynamics of each
chain. It was clear from the plots of the exocyclic
conformation (Fig. 5) that there was far more varia-
tion the closer a chain was to the solvent. The solvent
must affect the dynamics of the exocyclic group
and the t2 dihedral. Increased fluctuations led to
increased chances of the O2-to-O6 intrachain H bond
breaking and eventual freeing of the exocyclic group
to sample different conformations. It was evident
from Supplemental Figure S2 that these changes
filter from the outside chains inwards, and as there
are less interior chains in the 18- and 24-chain
models, the changes filter throughout the entire mi-
crofibril. The 36-chain microfibril has enough inte-
rior chains that these changes were not able to
infiltrate the microfibril. This is shown in Figure 5A
for the center chains of the 36-chain A microfibril,
where there was greater variation in the exocyclic
conformation with a consistent GG conformation but

at low levels, preventing adoption of a 100% TG
exocyclic conformation.

Comparison with Previous Experimental and in Silico Data

The simulations presented here resemble those per-
formed on 36-chain microfibrils with three different
force fields (Matthews et al., 2012) and those that
heated the microfibrils to 500 K, which resulted in a so-
called I-HT conformation (Matthews et al., 2011a).
Though their simulations were performed on diamond-
shaped finite microfibrils, our 18- and 24-chain simu-
lations with infinite hexagonally shaped microfibrils
were able to sample a similar I-HT conformation at
simulated ambient temperature with regards to the tilt,
exocyclic group conformation, and H-bond patterns. By
contrast, our 36-chain model simulations sampled the
more crystalline-like Ib conformation and not the I-HT
conformation at ambient temperature. The microfibrils
in the Matthews et al. (2012) work were modeled as
finite microfibrils and, as a result, were solvated in all
directions, including at the reducing and nonreducing
end, and thus had significantly more solvent exposure
than our 36-chain model. Given the reduced degree of
polymerization of these microfibrils, we suggest these
models will be oversolvated compared with natural
microfibrils, and this is a potential limitation of their
simulations. As mentioned above, we believe the reason
our 18/24- and 36-chain simulations sampled a different
conformational space was the difference in degree of
solvent exposure, and we propose that this was the rea-
son that the Matthews et al. (2012) 36-chain simulations
also sampled the I-HT conformation. From Matthews
et al. (2012), specifically the simulations performed with
the Charmm and Glycam force fields, we note that
changes away from the crystalline TG conformation oc-
cur from the outside of the microfibril inwards. This
correlates with what was observed in our 18- and
24-chain simulations, suggesting that changes to struc-
ture occur initially at solvent-exposed residues and then
filter through the microfibril. With our 36-chain simu-
lations, the decreased solvent exposure and higher
number of interior chains means that the changes were
not able infiltrate the entire microfibril.

It was evident from the exocyclic conformation
occupancy plots that the favored conformation for
solvent-exposed groups was predicted to be GT. This
goes against both experimental and computational
studies of Glc and cello-oligosaccharides in solution
where GG is reported to be the favored form (Nishida
et al., 1984; Cramer and Truhlar, 1993; Bock and Duus,
1994; Kirschner and Woods, 2001; Kuttel et al., 2002;
Pereira et al., 2006; Shen et al., 2009). In these studies,
the general consensus is that exocyclic groups have a
distribution of about 55:40:5 for the GG:GT:TG con-
formations, respectively. With the NMR and x-ray data
suggesting that TG was the only conformation in a
cellulose microfibril, we further questioned this pref-
erence for GT. However, there is some evidence to
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suggest that the simulations presented here are sam-
pling the correct exocyclic conformation for these
solvent-exposed groups. Recent experimental data
suggests that GT may be more populated than GG for
Glc in solution (Hansen and Hünenberger, 2011). X-ray
data for cellobiose has shown that the two exocyclic
groups in the crystal structure adopt the GT confor-
mation (Chu and Jeffrey, 1968). Additionally, atomic
force microscopy images and NMR data suggest that
exocyclic groups at surfaces have the GT conformation
(Baker et al., 2000). Finally, other MD simulations have
also seen the GT conformation favored at the surface
(Matthews et al., 2012). Thus, it appears that when Glc is
formed into a polymer, and does not reside in an envi-
ronment where it can interact with other chains, GT is its
favored conformation, though with low-energy barriers
such that significant variation between conformers is likely.

Experimental work suggests that the majority of the
exocyclic groups of cellulose reside in the TG confor-
mation. X-ray and neutron diffraction data suggest
that this is the case for all crystalline chains. NMR data
has generally been interpreted to suggest that chains in
the interior of microfibril aggregates have a TG exo-
cyclic conformation, while those that were solvent
exposed were either GG or GT. The simulations per-
formed here with the 36-chain model correlate well
with this interpretation of the experimental data.
However, as mentioned previously, simulations with
the 18- and 24-chain models move away from the Ib
phase to a I-HT conformational space, which does not
fit with the experimental data.

However, we suggest that it is possible that the
NMR data are being interpreted incorrectly. It is well
documented that the dual C4 peaks are separately due
to the C4 carbons from solvent-exposed and interior
chains (Ha et al., 1998; Newman, 1998). Given the al-
most identical sizes of the double peaks for C4 and C6
in cellulose, it is commonly thought that the upfield
peaks result from the contribution of carbons in sur-
face chains and the downfield peaks from interior
chains (Viëtor et al., 2002). To make these conclusions,
two assumptions must be made: all C4 and C6 carbons
on surface chains will have the same chemical shifts,
and exocyclic groups are restricted to GG and GT for
surface and TG for interior. We have doubts about the
validity of these assumptions. Given the 2-fold axis of
cellulose, there is potential for the equivalent carbons
on each cellobiose repeat to have two different chemical
shifts. If we focus on surface chains, the environment
around the two C4s is very similar, with comparable
exposure to solvent (Fig. 3A, inset). However, the two
C6 carbons and their attached hydroxyl groups exist in
different environments. One points directly out into the
solvent, while the other is positioned away from the
solvent, directly interacting with another cellulose
chain, and can therefore be thought of as actually being
an interior exocyclic group. Thus, the two different C6
carbons should have different chemical shifts, with the
nonsolvent-exposed group having a similar shift to the
interior C6 and thus contributing to the downfield peak.

As a result, we should characterize these chains, and the
atoms of interest, with regards to their solvent exposure
instead of whether they are on surface or interior chains.

As we have identified that it is solvent exposure that
we need to focus on to analyze NMR spectra, the sec-
ond assumption should now be that exocyclic groups
that are solvent exposed are restricted to the GG and GT
conformations, while all other exocyclic groups are TG.
If this is true, then for the 36-chain microfibril, the up-
field C6 peak that represents all exocyclic groups that
are solvent exposed should be 33% of the total C6 peak
(Table I). However, the C4 peak will have a 50% con-
tribution to the total C4 peak, and this does not corre-
late with the fact that the two peaks should be of similar
size. Using the restriction assumption, the C6 upfield
peak sizes for the 18- and 24-chain models are not
similar to the C4 upfield peaks either (44% versus 67%
and 42% versus 58% for 18 and 24 chains, respectively).
Under the second assumption, none of the models fit
the NMR data, suggesting that this assumption is also
invalid.

Our simulations provide more evidence that this
assumption is invalid and also suggest that the
solvent-exposed exocyclic groups are not restricted to
GT or GG, while interior groups are not restricted to
TG. Therefore, we suggest that the percentage of exo-
cyclic groups in the GT and GG conformation be a
measure of the size of the upfield C6 peak, as is sug-
gested by Horii et al. (1983). Using this criterion, we
find that both the 18- and 24-chain models give C6
upfield peaks that would be of a very similar size to
the C4 upfield peak. For the 24-chain microfibril, the
C6 peak would be 63%, which compares favorably
with the C4 surface peak of 58%, with the 18-chain
microfibrils giving even better correlation with the C6
peak predicted to be 66% and the C4 peak predicted to
be 67%. Additionally, the data for the 18- and 24-chain
microfibrils correlate well with an NMR spectrum of
sugar beet (Beta vulgaris) cellulose from parenchymatous
primary cell walls, which was interpreted as having 54%
of its chains located at the surface (Viëtor et al., 2002).
Thus, using this new interpretation of the NMR data, it
appears that the size of the C6 upfield peak is dictated by
the percentage of exocyclic groups in the GT and GG
conformations, and these conformations are not re-
stricted to just surface chains or solvent-exposed groups.

Further evidence to support the theory that the ele-
mentary microfibril consists of either 18 or 24 chains
comes from scattering and diffraction work (Fernandes
et al., 2011; Newman et al., 2013). Data from these recent
WAXS, wide-angle neutron scattering, and small-angle
neutron scattering studies on mung bean (Vigna radiata)
primary cell walls and spruce (Picea sitchensis) wood
secondary cell walls suggest that microfibril diameters
should be about 3 nm and that there should be six layers
of 100 planes per microfibril. As a result, the microfibril
should have a cross-sectional area of around 7 nm2.
After the expansion that was observed by performing
these simulations at 300 K in a hydrated environment,
the microfibrils had cross-sectional areas of 6.8, 8.6,

14 Plant Physiol. Vol. 168, 2015

Oehme et al.

D
ow

nloaded from
 https://academ

ic.oup.com
/plphys/article/168/1/3/6113681 by guest on 17 April 2024



and 12.6 nm2 for the 18-, 24-, and 36-chain microfibrils,
respectively. This suggests that the 36-chain microfibril
is too big and that 18 or 24 chains are more credible fits
to the recent experimental data.
Given the results with the 36-chain model and all

other experimental x-ray diffraction work, we still
believe that cellulose fibers of larger diameter have a
crystalline core. However, the results with the 18- and
24-chain models suggest that we should question the
model of a purely crystalline cellulose core for small-
diameter microfibrils. Smaller fibers are likely to have a
very different structure, which we believe is a result of
the greater solvent exposure that these chains experience.
Comparisons with experimental structural data are

dependent on the systems that we are simulating being
closely related to the systems used in the experiments.
With the NMR, diffraction, and scattering work, this is
an assumption that may not hold true. Due to issues
with experimental isolation protocols, it is likely that
the experimental data are produced with microfibril
aggregates instead of small-diameter microfibrils, in an
environment with significantly less solvent than what
was modeled in this work. This may not be as great an
issue for NMR studies, as it has been shown that water
content of systems studied are close to the in vivo
water content and that changes to spectra are observed
when working on cellulose samples from different
sources and different aggregate sizes (Malm et al.,
2010). There is also a potential issue with the mechan-
ical and chemical pretreatments applied to cellulose that
allow them to be investigated with the differing ex-
perimental methods, which could lead to an altered
cellulose microfibril structure.
It is not only the experiments that could affect our

comparisons but also the computational methods,
specifically the force field used. It could be possible
that the C36 Charmm force field does not give a good
account of Glc when in a cellulose microfibril. This
force field was parameterized based on the structure
and dynamics of Glc in solution and, as a result, may
not be able to sample the correct energy profiles when
a residue is in an interior chain, without any solvent
exposure and interacting with many other Glc residues.
It would be of interest to perform some ab initio calcu-
lations on small cellulose systems, such as those per-
formed by Watts et al. (2013), to investigate the structure
and energetics of Glc in a cellulose microfibril and how
this compares with the structures and dynamics ob-
served in these simulations.

CONCLUSION

We have performed MD simulations on 18-, 24-, and
36-chain models of Ib cellulose and found that the
smaller 18- and 24-chain models sample a conforma-
tional space different from that of the initial crystalline
phase and any phase identified experimentally but
similar to that observed in previous high-temperature
MD simulations of a 36-chain model. The chains of all

microfibrils became tilted, with the origin chains ex-
periencing a clockwise tilt and center chains an anti-
clockwise tilt due to the different steric environments
in which the two chains were situated. As a result of
increased variation in the t2 dihedral and the steric
limitations of tilt, the 18- and 24-chain microfibrils
were able to change exocyclic conformations in center
layers, virtually exclusively to GG, while there were
sporadic changes to GT in the origin layers. To ac-
commodate these changes, a further stage of tilt was
required. For all simulations, solvent-exposed exocyclic
groups preferred to reside in a GT conformation; how-
ever, there was significant variability in the conforma-
tions sampled. As a result of these simulations and a
reinterpretation of NMR data, it was concluded that the
18- and 24-chain models were more parsimonious than
the 36-chain model, in agreement with recent scattering
and diffraction data.

Determination of the detailed structure of cellulose
microfibrils in a hydrated environment will allow for
more rigorous investigations of cellulose in larger
systems. Aggregation of microfibrils can be studied,
which can, in turn, be used to understand more about
the recalcitrance to enzymic and chemical hydrolysis
of plant-derived cellulose. Simulation studies with
atomic detail of the interaction of cellulose with non-
cellulosic polymers are now possible, leading to a
better understanding of atomic interactions underlying
the structure, dynamics, and physical properties of the
plant cell wall matrix. Identifying the number of chains
in a microfibril also gives insight into the structure of
the CesA rosette complex. The interpretation of simu-
lation and NMR data to suggest 18 to 24 chains in a
microfibril means that either the 36 proposed CesA
proteins in a rosette are regulated such that not all
subunits are simultaneously active or that there are
less than 36 CesA proteins in a rosette. There have
been suggestions that each six elementary particles of
the rosette could contain less than six CesA proteins
(Newman et al., 2013) or that the particle could contain
both initiating and extending CesA proteins (Read and
Bacic, 2002). It would also be of interest to run simu-
lations similar to the ones reported in this study on
cellulose aggregates made up of many small-diameter
microfibrils or microfibrils of much larger diameter to
further investigate the effect of chain numbers on
crystallinity, chain conformation, surface features, and
dynamic characteristics of cellulose.

MATERIALS AND METHODS
Models of cellulose microfibrils were constructed with Cellulose Builder

(Gomes and Skaf, 2012). Initial models containing 36 chains (eight layers) were
created for the Ib form with a hexagonal shape (Fig. 3). These models were
then used as templates to produce the smaller 18- and 24-chain models (six
layers in each; Fig. 3, B and C). Models in which the 36-chain model had the B
H-bond pattern of Nishiyama et al. (2002) were produced by rotating the
position of HO2 of every residue such that the C3-C2-O2-HO2 dihedral angle
was –14° and rotation of HO6 such that the C5-C6-O6-HO6 dihedral angle
was 26°. Each chain contained 20 Glc residues (i.e. 10 cellobiose repeat units)
so that the microfibril had a length of approximately 102 Å. Periodic boundary
conditions were applied along all three directions. The bonding between Glc
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residues was arranged so that residues at one end of the simulation cell were
covalently bonded to Glc residues on the other side of the periodic boundary.
This creates a microfibril that is unaffected by boundary effects and is effec-
tively infinite in length. Each microfibril was aligned so that its polymerization
axis ran along the z axis of the simulation cell and was solvated in a box of
transferable intermolecular potential 3P water so that the microfibril was
padded in the x and y directions by at least 12 Å, with no padding in the
z direction.

All simulations were performed in duplicate using NAMD 2.9 (Kale et al.,
1999) with the Charmm 36 carbohydrate force field (Guvench et al., 2008) at
300 K. An initial simulation step was performed to optimize the position of
the added waters. With a time step of 1 fs, a nonbonded cutoff of 10 Å, and
the RATTLE/SETTLE algorithms (Andersen, 1983; Miyamoto and Kollman,
1992) used to constrain the bond lengths involving hydrogens in water, 5,000
steps of minimization were followed by 500,000 steps of constant pressure-
temperature Langevin dynamics. Pressure was kept constant using a Langevin
piston barostat, and the particle mesh Ewald method was used to calculate
long-range electrostatic interactions (Darden et al., 1993). Production
phase simulations were performed in the constant volume-temperature
ensemble with a time step of 2 fs and all bonds from hydrogen to heavy
atoms constrained.

To analyze the structure and dynamics of the microfibrils, multiple char-
acteristics were calculated for the initial structure of each simulation and the last
50 ns. Unit cell parameters were calculated by splitting each microfibril into
discrete unit cells and then averaging over all unit cells. The exocyclic group
around C6 can take on three different orientations that can be described by the
dihedral angle about the atoms O5-C5-C6-O6. With values of 0° to 120°, 120° to
240°, and 240° to 360°, these angles correspond to the GT, TG, and GG con-
formations, respectively (Fig. 2). The color scheme used in Matthews et al.
(2012) has been used in this work to color cellulose chains and individual Glc
residues. Intrachain, intralayer, and interlayer H-bond occupancies were
calculated using the Visual Molecular Dynamics h_bonds command with a
heavy atom cutoff of 3.4 Å and angle cutoff of 60°. The internal motion of the
microfibrils was tracked by calculating the change in distance between
100/200 layers, 110 layers, 1-10 layers, and the shift of chains along the z
axis (Fig. 1). The tilt in each chain was calculated by determining how much
the plane of each chain rotates around its initial position along the xz plane.
A positive value means there has been a clockwise rotation and a negative
value anticlockwise rotation, when viewed from the nonreducing end.
Average w, c, t2, and t3 dihedral angles for each chain have also been cal-
culated. The density of water above each layer was calculated as a function
of distance from the microfibril and as a function of distance along the
polymerization axis.

Supplemental Data

The following supplemental materials are available.

Supplemental Figure S1. Plot of exocyclic conformation occupancies for
640-ns simulation of 36 A model.

Supplemental Figure S2. Exocyclic conformations at different time points
up to 200 ns.

Supplemental Figure S3. O6-to-O2 intrachain and O2-to-O6 intralayer
H-bond occupancies.

Supplemental Figure S4. Relative water densities for 36 B chain model.

Supplemental Figure S5. Relative water densities for 24-chain model.

Supplemental Figure S6. Relative water densities for 18-chain model.

Supplemental Figure S7. Water densities above cellulose surfaces.

Supplemental Table S1. Exocyclic occupancies for 110 and 1-10 hydro-
philic surfaces.

Supplemental Table S2. Average w dihedral angles.

Supplemental Table S3. Average c dihedral angles.

Supplemental Table S4. Average t3 dihedral angles.

Supplemental Table S5. Occupancy of interlayer hydrogen bonds.
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